INTRODUCTION
============

Throughout development, cells respond to biomechanical cues and exert forces on their neighbors and surrounding environment. In particular, tissue morphogenesis is the product of changes in the biomechanical and morphological properties of cells that are driven by interactions between the actin cytoskeleton, cell--cell adhesions, and cell--extracellular matrix (ECM) adhesions. Precise regulation of the strength and duration of cellular adhesions is therefore a critical component of tissue morphogenesis ([@B25]). A growing body of evidence supports the idea that coordination of the interactions between the actin cytoskeleton, cell--cell adhesions, and cell--ECM adhesions is a key regulatory strategy during tissue morphogenesis. Specifically, cooperation or cross-regulation between cell--cell and cell--ECM adhesion has been implicated in multiple tissues and developmental processes ([@B44]; [@B31]). Of importance, cross-talk between cell--cell and cell--ECM adhesions orchestrates cell-generated mechanical forces that drive key morphogenetic processes such as cell shape changes and migration ([@B33]).

Cell--cell adhesion is typically mediated by homophilic interactions between extracellular domains of cadherin receptors ([@B37]), whereas cell--ECM adhesion is typically mediated by the binding of the extracellular domains of heterodimeric integrin receptors to ECM ligands ([@B20]). Both cadherins and integrins assemble large intracellular multiprotein complexes via their cytoplasmic domains that carry out diverse functions, such as coupling to the cytoskeleton via adapter proteins and regulating cell behavior through modulation of signaling networks. Because both cadherins and integrins act as anchor points that link the actin cytoskeleton to the cell membrane, they are subject to myosin-­generated forces exerted on the actin cytoskeleton and can in turn transduce forces generated in the surrounding environment to the cell interior. There is robust evidence from studies in cell culture for mechanotransduction at cell--ECM adhesions and, more recently, at cell--cell adhesions ([@B24]; [@B41]). For example, the best-characterized type of integrin-based adhesive structures, focal adhesions, are substantially remodeled in response to internal mechanical cues, such as changes in actomyosin contractility, as well to external mechanical cues, such as substrate stiffness ([@B14]). Similarly, cadherin-mediated adhesions are remodeled in response to changes in tension and confer changes on actin network architecture in response to the application of force ([@B24]).

The interplay between cell adhesion complexes and cytoskeletal networks is critical for the precise regulation of changes to cell and tissue architecture during morphogenesis. A diverse array of cellular behaviors are used to achieve changes in tissue morphology, including cell intercalation, apical constriction, and collective migration ([@B38]). In epithelia, constriction of the apical domain of the cell is a commonly used cellular program that drives morphogenetic processes such as tissue bending, reduction in tissue surface area, and cell ingression. Pulsatile contraction of actomyosin networks are believed to be one of the main drivers of developmentally programmed incremental apical constriction, a process like ratcheting ([@B29]; [@B2]). During *Drosophila* dorsal closure (DC), constriction of apical cell area drives shrinkage of an extraembryonic tissue called the amnioserosa (AS; [@B40]; [@B2]). Constriction of the AS is additionally driven by cell extrusion ([@B43]) and gradual cell volume loss ([@B39]). The AS initially occupies an eye-shaped hole in the dorsal epidermis of the embryo. As the AS constricts, a supracellular actin cable forms in the leading edge of the lateral epidermis, which may provide an additional tensile force to shrink the dorsal hole ([@B19]; [@B40]). DC is divided into three stages based on cellular behaviors and the rate of tissue contraction ([@B18]). During the early phase, AS cells oscillate in the apical domain but do not constrict, and the tissue area remains constant. At the onset of closure, the slow phase begins; the actin cable forms in the leading edge, and pulsatile apical constriction of AS cells leads to gradual decrease of tissue area. Finally, DC enters the fast phase, which is characterized by more rapid constriction of AS cell area and ends with zippering of the epithelium ([@B21]; [@B18]).

Although the relative contributions of the different force-generating processes driving DC have been debated, it has become increasingly clear that the AS plays the central role, whereas the actin cable in the leading edge is not required for closure per se ([@B45]; [@B7]; [@B36]). For contraction of the AS to occur, forces must be generated within and transmitted across the apical plane of the tissue. Given the importance of cell--cell and cell--ECM adhesions in regulating cellular force generation, it is unsurprising that both cadherins and integrins are required for DC ([@B34]; [@B17]). However, the exact mechanical roles of cell--cell and cell--ECM adhesions in regulating cell behaviors during DC have not yet been extensively characterized. We recently showed that cell--ECM adhesion localizes to focal adhesion--like structures (FALS) on the basal surface of AS cells and that these FALS provide resistance to both cell deformation and force transmission in the apical plane of the tissue ([@B16]). Consequently genetically altering the amount of cell--ECM adhesion alters tissue biomechanical properties and cell behaviors in the AS, leading to defective DC ([@B16]).

The roles of cadherin-mediated adhesion, integrin-mediated adhesion, and myosin contractility have all been explored in the context of DC, but the relationships between them have not been fully elucidated. Here we uncover functional interactions and phenotypic overlaps between modulation of cell--cell and cell--ECM adhesion during DC. First, we sought to understand the consequences of reduced cell--ECM adhesion for myosin dynamics in AS cells. Using live imaging and quantitative analysis, we find that myosin dynamics are altered in contracting AS cells of embryos lacking integrin. Second, further investigations revealed that localization and stability of cadherin along AS cell membranes are perturbed when cell--ECM adhesion is compromised and that cortical and medial actin is aberrantly distributed. Third, given the effects of reducing cell--ECM adhesion on cadherin-mediated adhesions, we examined the opposite scenario and report that loss of cell--cell adhesion results in increased recruitment of cell--ECM adhesions and defective DC. Cell deformation and force transmission are both inhibited when cell--cell adhesion is compromised, suggesting a role for cross-regulation of cadherin- and integrin-based adhesions in regulating cellular behaviors that are required for tissue morphogenesis.

RESULTS
=======

Loss of cell--ECM adhesion results in abnormal myosin dynamics, cadherin localization, and actin organization
-------------------------------------------------------------------------------------------------------------

DC is driven by pulsatile constriction of AS cells, which leads to a decrease in overall tissue area. Constriction of AS cells is mediated by the assembly and contraction of actomyosin networks. These pulsatile contractions are coupled to the cell membrane by cadherin-based adhesions, which allow for force transmission between adhering cells. Previous work from our group showed that loss of integrin-based cell--ECM adhesion resulted in increased cell deformation and force transmission in the apical plane of AS cells ([@B16]). To explore further the mechanisms underlying DC phenotypes of flies lacking integrin-based cell-ECM adhesion, we examined in detail whether reduced cell--ECM adhesion could also affect force generation in AS cells. Specifically, we analyzed myosin dynamics in fly embryos homozygous for a null mutation in the gene *myospheroid* (henceforth referred to as *mys* −/− embryos) encoding the *Drosophila* βPS-integrin subunit. To measure myosin dynamics, we tracked the movement of myosin in *z*-projected images spanning the apical and basal domains of AS cells using fluorescently tagged regulatory myosin light chain encoded by the gene *spaghetti squash* (*sqh*-mCherry reporter). To measure changes in cell morphology at the apical side of the cell, we used the E-cadherin--green fluorescent protein (GFP) reporter. From early to slow phases of closure, AS cell area decreased and mean myosin intensity increased in heterozygous *mys* +/-- controls, consistent with stabilization of actomyosin networks and with previous reports ([Figure 1, a--d](#F1){ref-type="fig"}; [@B2]). As actomyosin networks stabilize from early to slow phases, we expect to see reduced speed of myosin flows. Indeed, measurement of the movement of fluorescently tagged myosin using particle image velocimetry (PIV), a technique used to visualize and measure flow, showed lower speed in the slow phase of closure compared with the early phase ([Figure 1, a and e](#F1){ref-type="fig"}).

![Myosin dynamics in AS cells are perturbed in the absence of cell--ECM adhesion. (a) Images from *z*-projected time-lapse movies of control and *mys* −/− embryos expressing E-cadherin--GFP and sqh-mCherry during the early and slow phases of DC, with overlaid cell contours and PIV vectors representing myosin movement over 20 s. Vectors are uniformly scaled across samples. (b) Schematic illustrating cell area oscillations at early and slow phases of closure. Myosin accumulation drives cell contraction, and, as pulses dissipate, the cell relaxes either to the same area (early phase) or to a smaller area (slow phase). (c--e) Mean apical cell area (c), mean myosin intensity (d), and medial myosin speed measured by PIV (e) in control and *mys* −/− embryos at early and slow phases of closure (two to four embryos, 26--78 cells). Error bars indicate SEM. \**p* \< 0.05, \*\*\**p* \< 0.0001.](1301fig1){#F1}

We performed similar analysis in *mys* −/− embryos expressing *sqh*-mCherry and E-cadherin--GFP. This analysis showed that AS cells in *mys* −/− embryos had smaller apical areas at both early and slow phases of DC, possibly as a result of abnormal apical constriction and/or changes to cell shape due to reduced adhesion to the ECM ([Figure 1, a--c](#F1){ref-type="fig"}). Moreover, at slow phases, mean myosin intensity was significantly greater than with controls ([Figure 1d](#F1){ref-type="fig"}). Apical constriction and increased myosin intensity are consistent with lower myosin flow speed. Indeed, in *mys* −/− mutants, we found that mean myosin speed measured by PIV was reduced compared with controls at both early and slow phases ([Figure 1, a and e](#F1){ref-type="fig"}). Taken together, the smaller apical areas, increased mean myosin intensity, and reduced flows suggest that *mys* −/− cells experience more apical constriction than controls. Overall myosin accumulation and dynamics are altered in the absence of cell--ECM adhesion, leading to smaller apical area and potentially contributing to the previously observed changes to cell behavior and tissue biomechanics in the AS of *mys* mutants.

In several developmental contexts, perturbation of myosin dynamics has been linked to changes in cell--cell adhesion ([@B27]; [@B26]; [@B8]). We therefore investigated cadherin-mediated adhesion in *mys* −/− mutants ([Figure 2](#F2){ref-type="fig"}). Examining the localization of E-cadherin in AS cells of *mys* −/− mutants using immunohistochemistry revealed an abnormal punctate distribution along the apical membrane, in stark contrast to the relatively uniform distribution seen in controls ([Figure 2a](#F2){ref-type="fig"}). We quantified these differences by measuring E-cadherin staining intensity along the entire cell contour and identifying peaks in which fluorescence exceeded the mean intensity by at least one SD ([Figure 2b](#F2){ref-type="fig"}). In *mys* −/− embryos, the number of peaks per micrometer along the cell contour (referred to as peak density) was lower than in controls, but mean peak intensity was much greater ([Figure 2, c and d](#F2){ref-type="fig"}). In comparison, the overall mean intensity of E-cadherin along the entire contour was similar between *mys* −/− mutants and controls ([Figure 2e](#F2){ref-type="fig"}). Taken together, these results suggest that in the absence of cell--ECM adhesion, the same overall levels of E-cadherin reach the membrane, but the protein distribution along cell--cell contacts is irregular. Another factor that may influence the ability of cadherins to anchor the actomyosin network is their dynamics at the plasma membrane. We therefore examined E-cadherin stability at cell--cell junctions using fluorescence recovery after photobleaching (FRAP) experiments. Fluorescence recovery in terms of overall mobile fraction of E-cadherin in AS cells was not drastically different between *mys* −/− and control embryos ([Figure 2, f--h](#F2){ref-type="fig"}). However, although mobile fraction was not significantly different than with controls, the half-time of recovery was lower in *mys* −/− embryos. This is consistent with the notion that cadherin-based junctions may be more dynamic in *mys* −/− mutants.

![Cadherin localization and stability is disrupted in *mys* −/− mutants. (a) Sample *z*-projected images of control and *mys* −/− embryos fixed during the early phase of DC and stained for E-cadherin. (b) Quantification of E-cadherin staining intensity along the entire cell contour for sample cells in control and *mys* −/− embryos. (c) Mean density of E-cadherin intensity peaks along cell contour measured as number of peaks per micrometer for control and *mys* −/− embryos. (d, e) Mean peak intensity and mean overall E-cadherin intensity along cell contour for control and *mys* −/− embryos (three embryos, 8--11 cells). (f--h) Mean FRAP curves (f), half-time of fluorescence recovery (g), and mobile fraction (h) for control and *mys* −/− embryos (10--12 embryos). Error bars indicate SEM. \**p* \< 0.05.](1301fig2){#F2}

Myosin pulses and flows are intrinsically linked to medial actin networks, and the binding of cadherin to actin can change the distribution of cortical actin. Given that myosin dynamics and cadherin distribution were disrupted in the absence of integrin-mediated adhesion, we sought to determine whether actin networks were also perturbed in the AS of *mys* −/− embryos by quantifying differences in both cortical and medial actin in *mys* −/− embryos. Using an approach similar to the one described earlier for measuring E-cadherin intensity, we measured cortical F-actin intensity along cell contours ([Figure 3, a and b](#F3){ref-type="fig"}). We found that, similar to E-cadherin distribution, F-actin intensity was irregularly distributed along cell--cell contacts in *mys* −/− mutants, as evidenced by lower peak density and higher peak intensity ([Figure 3, c and d](#F3){ref-type="fig"}). Again, mean intensity along the entire cell contour was the same as controls, suggesting that the overall recruitment of F-actin to the membrane was normal, but its distribution was perturbed ([Figure 3e](#F3){ref-type="fig"}). Using *z*-projected images spanning the apical and basal domains of AS cells, we found that medial actin networks throughout the cell were also affected by disruption of cell--ECM adhesion. F-actin in *mys* −/− mutants appeared denser and was arranged in large bundles, whereas in controls it was, in general, uniformly spread ([Figure 3a](#F3){ref-type="fig"}). To provide further support for these qualitative observations, we quantified the density and area of bundles, defined as large, bright accumulations of immunofluorescence intensity, and found that they were both significantly increased in *mys* −/− AS cells ([Figure 3, f and g](#F3){ref-type="fig"}, and Supplemental Figure S1). In addition, mean F-actin intensity across the entire cell was increased compared with controls ([Figure 3 h](#F3){ref-type="fig"}). Overall these results show that actin networks are irregularly organized in the absence of cell--ECM adhesion.

![Cortical and medial F-actin organization is perturbed in *mys* −/− mutants. (a) Sample *z*-projected images of control and *mys* −/− embryos fixed during the early phase of DC and stained for F-actin (using rhodamine--phalloidin) and E-cadherin. (b) Quantification of F-actin staining intensity along the entire cell contour for sample cells in control and *mys* −/− embryos. (c) Mean density of cortical F-actin intensity peaks along cell contour measured as number of peaks per micrometer for control and *mys* −/− embryos. (d, e) Mean peak intensity and mean overall F-actin intensity along cell contour for control and *mys* −/− embryos. (f) Mean density of medial actin bundles within the cell measured as bundles per micrometer squared for control and *mys* −/− embryos. (g) Mean area of actin bundles in control and *mys* −/− embryos. (h) Mean overall F-actin staining intensity within cells from control and *mys* −/− embryos (three embryos, 8--11 cells). Error bars indicate SEM. \**p* \< 0.05, \*\**p* \< 0.001.](1301fig3){#F3}

Cell--ECM adhesions, AS cell oscillatory behaviors, and force transmission are perturbed when cell--cell adhesion is reduced
----------------------------------------------------------------------------------------------------------------------------

Based on these findings and previous work from our group ([@B16]), precise levels of both cell--ECM and cell--cell adhesion appear to be critical in regulating cell oscillatory behavior and force transmission during DC. Loss of integrin-mediated adhesion resulted in irregular distribution of cadherin, including patches of increased concentration of cell--cell adhesion that led to irregular distribution of actin networks. Given that abnormal distributions of E-cadherin were associated with defective closure in *mys* −/− mutants, we asked whether depletion of cadherin-mediated adhesion would affect DC in ways similar to those observed when cell--ECM adhesion was misregulated. To address this question, we genetically reduced cadherin-mediated adhesion using a null mutation in the gene *shotgun* (*shg^R69b^*), which encodes the *Drosophila* E-cadherin gene ([Figure 4](#F4){ref-type="fig"}). We found that in *shg^R69b^* mutant embryos, DC is severely disrupted and occurs at a slower rate than in wild-type controls ([Figure 4, a and b](#F4){ref-type="fig"}). Of interest, we also found that cell--ECM adhesion is increased and stabilized when cell--cell adhesion was lost. Specifically, when GFP-tagged talin---a cytoplasmic linker protein that binds integrins and actin---was used as a marker to label FALS in *shg^R69^* embryos, a noticeable increase in their area, intensity, and density was observed ([Figure 4, c--f](#F4){ref-type="fig"}). Moreover, tracking FALS in the AS of *shg^R69b^* mutant embryos during cell oscillations showed that they moved with lower speed and had a lower effective diffusion constant ([Figure 4, g and h](#F4){ref-type="fig"}). Our results thus far show that the distribution and stability of cadherin-mediated adhesions was disrupted when integrin-based cell--ECM adhesion was compromised, and conversely that the density and dynamics of cell--ECM adhesion in FALS was abnormal upon disruption of cell--cell adhesion. Of importance, disruption of either cadherin-based cell--cell or integrin-based cell--ECM adhesion affected DC. This suggests that interdependence between cell--cell and cell--ECM adhesion in vivo may play an important morphogenetic role in this context.

![Loss of cell--cell adhesion causes DC defects and an increase in the amount and stability of cell--ECM adhesions. (a) Sample *z*-projected images of control and *shg*^R69b^ embryos expressing talin-GFP at 1-h intervals during DC. (b) Mean rate of dorsal closure in control and *shg*^R69b^ embryos (five embryos). (c--e) FALS area (c), intensity (normalized to cytoplasmic intensity (d), and density (e) in control and *shg*^R69b^ embryos (seven or eight embryos, 242--503 FALS). (f) Sample *z*-projected images of the basal domain of AS cells showing FALS in control and *shg*^R69b^ embryos. (g, h) Mean speed (g) and effective diffusion constant (h) of FALS movement in control and *shg*^R69b^ embryos (four to seven embryos, 34--58 FALS). Error bars indicate SEM. \**p* \< 0.05, \*\*\**p* \< 0.0001.](1301fig4){#F4}

To explore further the possible functional and mechanistic consequences of interdependence between cadherin-based cell--cell and integrin-based cell--ECM adhesion in the AS, we studied cell behaviors and tissue properties that require precise regulation of cell--ECM adhesion in *shg^R69b^* mutant embryos. On the basis of our previous findings, we hypothesized that the increase in the area and density of cell--ECM adhesion we observe in the AS of *shg^R69b^* mutants would result in reduced cell deformation ([@B16]). Reduced cell deformation would, in turn, give rise to changes in the oscillatory behavior of AS cells, as well as abnormal tissue responses to recoil after laser ablation ([Figure 5](#F5){ref-type="fig"}). Consistent with this hypothesis, we observed severe impairment in cell deformation in *shg^R69b^* mutants: the amplitude and period of oscillations and the speed of the cell centroid were all reduced ([Figure 5, a--d](#F5){ref-type="fig"}). Tissue biomechanical properties were analyzed in *shg^R69b^* mutant embryos using laser ablation experiments ([Figure 5, e--g](#F5){ref-type="fig"}). In these experiments, a laser pulse penetrates and cuts the lateral membrane between two cells; in the case of AS cells, which are very thin, the cut likely spans most of the apical--basal axis of lateral membranes. Initial recoil speed---a general indicator for tension experienced across cell membranes---was not different between *shg^R69b^* embryos and controls ([Figure 5, e and f](#F5){ref-type="fig"}). However, recoil speed also depends on local tissue biomechanical properties, including viscosity and stiffness; if local biomechanical properties differ between experimental groups, recoil velocity may not accurately reflect differences in tension ([@B19]). Using a viscoelastic model to fit the displacement of junctions over time after ablation, we can infer the ratio of stiffness to viscosity, known as the relaxation time ([@B10]). We find that relaxation time is significantly reduced in *shg^R69b^* mutant embryos, indicating that movement of junctions away from the ablation site ceases earlier than in controls ([Figure 5, e and g](#F5){ref-type="fig"}). Overall these experiments reveal that tissue biomechanical properties are altered in *shg^R69b^* embryos in a manner reminiscent of but not identical to that observed in embryos with increased cell--ECM adhesion.

![Cell oscillatory behavior and force transmission are suppressed in *shg*^R69b^ mutants. (a) Temporal overlay of cell contours 20 s apart from time-lapse movies of control and *shg*^R69b^ embryos during early DC. (b--d) Mean amplitude (b) and period (c) of apical area oscillations and mean speed of apical cell centroid movement (d) for control and *shg*^R69b^ embryos (four embryos, 21--25 cells). (e) Sample images of control and *shg*^R69b^ embryos before and after laser ablation. Yellow line indicates cut location, and white arrows indicate tracked first-neighbor junctions. Junction separation at *t* = 0 (*d~t~*~=0\ s~) and 15 s (*d~t~*~=15\ s~) are indicated to help visually assess differences in separation over time between samples. (f, g) Recoil velocity (f) and relaxation time (g) of first-neighbor junctions after laser ablation in control and *shg*^R69b^ embryos (13--24 cuts). (h) Spatial decay of maximum displacement in control and *shg*^R69b^ embryos measured by fitting the maximum displacement of first-neighbor (1^st^ nbr), second-neighbor (2^nd^ nbr), and background (Bkgd) junctions to an exponential. *R*^2^ values and overall spatial decay coefficient (*k*) are indicated on plots. (i) Mean spatial decay coefficient in controls and *shg*^R69b^ embryos. Error bars indicate SEM (unless otherwise indicated). \**p* \< 0.05, \*\*\**p* \< 0.0001.](1301fig5){#F5}

Our recent work showed that higher cell--ECM adhesion resulted in reduced force transmission between AS cells ([@B16]). Therefore we used a methodology we previously used to study force transmission across AS cells by analyzing broader tissue responses to laser ablation in control and mutant embryos ([@B12]; [@B16]). To this end, we tracked the movement of first-neighbor junctions (immediately adjacent to the cut) and second-neighbor junctions (two cell segments away from the cut), as well as background movement of junctions (at least three cell segments away from the cut). If we plot the maximum displacement of each of these junctions as a function of their distance from the cut, we can fit these data to an exponential function and estimate the spatial decay of recoil effects. We find that the spatial decay coefficient (*k*) is increased in *shg^R69b^* embryos, indicating that recoil effects are more quickly dissipated as we move away from the ablation site ([Figure 5, h and i](#F5){ref-type="fig"}). Overall this suggests that increased cell--ECM adhesion upon loss of cadherin-based cell--cell adhesion has important functional consequences for the efficiency of force transmission across AS cells. Specifically, the increase in cell--ECM adhesion in cadherin-deficient embryos could account for the defects in cell area oscillations and constriction of the AS, which contribute to the defective DC we observed in *shg^R69b^* mutants.

DISCUSSION
==========

Using genetic manipulations and quantitative analysis, we showed that perturbations to cell--ECM or cell--cell adhesion alter cell behavior and tissue biomechanical properties in the AS, leading to defective DC. Of importance, we found that depleting either cell--cell or cell--ECM adhesion led to changes in the recruitment and stability of the other type of adhesion. When cell--ECM adhesion was reduced, cadherin localization along the apical membrane was highly irregular, and cadherin stability was altered. Further, we found that cortical and medial actin was unevenly distributed across the cell and that myosin flow speed was reduced when cell--ECM adhesion was depleted. Similarly, when cell--cell adhesion was reduced, recruitment of talin to cell--ECM adhesions was increased, yielding larger, more stable FALS. As a result, cell deformation and force transmission across AS cells were limited, preventing proper progression of DC. These results suggest that cooperation or interdependence between cell--cell and cell--ECM adhesions may play a role in regulating DC.

As DC progresses, actomyosin-mediated pulsatile contraction of cells results in incremental decreases in apical cell area. Changes in the stereotypic pattern of contraction rates of AS cells have been reported in *mys* zygotic embryos ([@B18]). Under wild-type conditions, cells on the periphery of the AS experience increased contraction compared with central cells, and in *mys* embryos, this relationship is reversed ([@B18]). Moreover, in *mys* embryos, the contraction rate of central cells was increased compared with central cells of wild-type embryos ([@B18]). These earlier observations are consistent with our data, specifically, our analysis of myosin localization and dynamics. We found that in central AS cells, myosin intensity increased and its flow speed decreased during the slow phase of contraction. These changes in myosin localization and activity may explain the increased contraction rates described previously ([@B18]) and, consequently, the reduction in apical area we observed in AS cells of *mys* −/− embryos.

Myosin localization and dynamics can be regulated by cell--cell adhesions in vivo. In the *Drosophila* germband, asymmetries in E-cadherin distribution can direct myosin flows by providing an unbalanced mechanical landscape across the cell ([@B26]). Uniformly high cadherin levels lead to increased tension and a more balanced actomyosin network across the cell, thus reducing myosin flow speed ([@B26]). In the AS, we observed that loss of cell--ECM adhesion led to both reduced myosin flow speed and aberrant localization of cell--cell adhesions. E-cadherin appeared to be clustered together in bright peaks instead of being evenly distributed along the cell membrane. Although the phenotypes we observe in *mys* mutants cannot be explained simply by the framework provided by the germband model, it is possible to modify this framework to propose a model that fits our observations. For example, although E-cadherin accumulation was irregular in the AS of *mys* mutants, it was not planar polarized and would therefore not generate the imbalances required to support high myosin flow. Instead, the irregular accumulation of E-cadherin may lead to an overall increase in tension across the network, leading to more balanced mechanical tension and affecting myosin flow, as described previously ([@B26]).

Adherens junctions are remodeled in response to changing mechanical force. Increased magnitude of the "tugging" force exerted by a pair of adhering cells on each other results in increased size of cell--cell junctions ([@B28]). In embryos lacking cell--ECM adhesion, force transmission across the apical plane of cells is increased ([@B16]), which may produce a "tugging" force, leading to larger clusters of cadherin-based adhesion. Further, this aberrant distribution of cell--cell adhesions could lead to the disorganization of actin networks observed in *mys* −/− embryos by providing spatial or mechanical cues. In cell culture, mechanotransduction via cadherins can trigger changes in actomyosin networks and contractility ([@B32]). Cadherin mechanotransduction requires coupling to the actin cytoskeleton via linker proteins, including α-catenin ([@B47]). Recent work in *Drosophila* showed that α-catenin is required for actomyosin pulses and stabilization of E-cadherin at the membrane in the AS, demonstrating the importance of this coupling to actin in vivo ([@B23]). Here we see that loss of basal cell--ECM adhesion (and the resultant up-regulation of apical force transmission; [@B16]) leads to changes in cadherin localization, actin organization, and myosin dynamics. Similar phenotypes were observed in the AS upon disruption of Crumbs, a protein involved in epithelial polarity; loss of normal Crumbs function disrupted adherens junctions, leading to abnormally high myosin activity and failure to complete DC ([@B13]). Taken together, these studies and the results presented here highlight the importance of proper linkage between adherens junctions and actomyosin networks in regulating cell behaviors required for DC.

Cross-talk between cell--cell and cell--ECM adhesions has been described in many contexts both in vivo and in cell culture ([@B3]; [@B22]; [@B46]; [@B6]). The interplay between these two types of adhesions can affect their localization, the positioning or structure of actomyosin networks, and the mechanical landscape of the cell ([@B33]). Here we demonstrate the existence of interdependence between cell--cell and cell--ECM adhesions in the AS. Loss of integrin function led to changes in cadherin localization and stability. Similarly, loss of cadherin-mediated adhesion increased recruitment of cell--ECM adhesions in the form of larger and more stable FALS. In embryos with increased cell--ECM adhesion and larger FALS, cell deformation is hindered; we see a similar phenotype in embryos lacking cell--cell adhesions, suggesting that FALS may be resisting apical deformations in this context as well. Further, the loss of cadherin would reduce coupling between apicomedial actomyosin networks and the cell membrane, possibly preventing apical shape changes, leading to a much more severe defect in cell oscillations than observed by specifically increasing cell--ECM adhesion.

Depletion of cell--cell adhesion and the resultant increase in cell--ECM adhesion at FALS also affected tissue biomechanical properties as probed by laser ablation experiments. Recoil velocity was unchanged, but relaxation time of junctions was significantly reduced; stated differently, junctions ceased moving away from each other after laser-induced release of tension sooner in *shg^R69b^* embryos. Shorter relaxation time suggests that either stiffness is reduced or viscosity is increased ([@B10]). Loss of cadherin-mediated cell--cell adhesions from the cell membrane could result in a more easily deformable (and less stiff) apical membrane. In addition, the observed changes to cell--ECM adhesion seen in *shg^R69b^* mutants could affect the behavior of junctions after ablation. We previously showed that recoil can be resisted basally by FALS and that mutations that specifically increased the size and density of FALS resulted in reduced recoil velocity and force transmission across the apical plane of cells ([@B16]). Of interest, embryos with increased cell--ECM adhesions showed no change in relaxation time, likely because perturbations to basal adhesions do not affect the viscosity or stiffness of the apical part of the cell. In *shg^R69b^* embryos, loss of cadherin-mediated adhesion would undoubtedly affect apical biomechanical properties, resulting in reduced relaxation time. Further, reduced force transmission in the AS of *shg^R69b^* embryos is likely to be, at least in part, a direct consequence of reduced adhesion between adjacent cells, which is required to mechanically couple them. However, the increase in size and density of FALS observed in *shg^R69b^* embryos suggests that increased cell--ECM adhesion underlies, at least in part, the *shg^R69b^* mutant phenotype. The similarities observed between embryos with increased cell--ECM adhesion and those with decreased cell--cell adhesion suggest an important role for regulatory cross-talk between the two types of adhesive networks during DC. Whether the adhesion interdependence in the AS reported here involves direct interactions or functional communications between signaling pathways and adhesion complexes is unknown. Future work should focus on elucidating the molecular and/or physical mechanisms that may link cell--cell and cell--ECM adhesion during DC; for example, RhoA signaling, which we previously showed regulates FALS morphology ([@B16]), may also regulate adherens junctions and adhesion interdependence in the AS. Further, simultaneous genetic manipulation of cell--cell and cell--ECM adhesion may help to uncover the mechanisms of adhesion interdependence and the exact cellular activities this interdependence regulates.

Given their functional similarities and the requirement for coordinated adhesion in driving dynamic cellular behaviors during morphogenesis, it is unsurprising that interdependence exists between the integrin and cadherin adhesion complexes. In fact, evidence for such interdependence is extensive in diverse settings both in vitro and in vivo ([@B44]; [@B4]; [@B31]). However, the precise biological roles of cross-talk between cadherin- and integrin-mediated adhesion remain somewhat obscure, perhaps because such interdependence may be context specific (reviewed in [@B31]). For example, work using murine cancer cells found that engagement of integrin adhesion receptors specifically up-regulates cadherin-based cell--cell adhesion ([@B30]). When cells were incubated with ECM-coated beads, more force was required to separate cell doublets as than when cells were exposed to poly-[l]{.smallcaps}-lysine--coated beads. Of importance, this up-regulation was found to depend on actomyosin activity ([@B30]). Other studies found an opposite relationship between integrin- and cadherin-based adhesions. When the same murine cancer cell line was plated on micropatterned fibronectin substrata designed to modulate integrin adhesion, an increase in cell--ECM adhesion resulted in delayed formation and decreased strength of cell--cell attachment ([@B1]). There are a number of possible technical explanations for such inconsistencies: differences between adhesions formed by cells in suspension versus in two-dimensional (2D) culture, methods of measuring strength of cell--cell adhesions, and stiffness of substrate ([@B31]). This discrepancy serves to highlight the obstacles to understanding the interdependence between integrin and cadherin signaling and supports the notion that it is likely dependent on biophysical context. It is therefore imperative to try to understand cross-talk between cell--ECM and cell--cell adhesion in vivo ([@B31]). The work we present here illustrates how the use of genetic and biomechanical approaches in the context of animal morphogenesis can provide insight into the biological role of this interdependence. Moreover, the robust phenotypes we uncover in our studies provide strong evidence that interdependence between cell--ECM and cell--cell adhesion is an essential component of tissue morphogenesis.

MATERIALS AND METHODS
=====================

Fly stocks and genetics
-----------------------

The βPS-integrin--null mutants were generated using the dominant female sterile germline clone technique ([@B5]) in order to remove both maternal and zygotic contributions of integrin. Virgins of *mysXG43, FRT101* were crossed to males of *ywhsFlp,OvoD1, FRT101* (1813; Bloomington Drosophila Stock Center), and the larval progeny were subjected to a heat shock regime to generate a *mys* mosaic germline. Virgins were then crossed to *dfd-GMR-nvYFP* males. Mutant embryos were identified by lack of the fluorescent marker. Embryos carrying the fluorescent marker (i.e., heterozygous *mys/+* siblings) were used as controls. For live-imaging experiments, *ubi-DE-Cadherin-GFP* ([@B35]) and *sqh-mCherry* ([@B29]) were zygotically provided.

The *shg^R69^* line ([@B15]; a gift of Uli Tepass, University of Toronto) was used to generate virgins of the genotype *talinGFP;shg^R69b^,FRT42D/CyO,dfd-GMR-nvYFP*, which were crossed to males of the genotype *w-;shg^R69b^,FRT42D/CyO,dfd-GMR-nvYFP*. Embryos lacking the balancer were used for analyses. Wild-type talin-GFP embryos were used for controls, as defects in heterozygous *shg^R69b^* embryos were as severe as in homozygous ones.

Confocal immunofluorescence and live imaging
--------------------------------------------

Embryos were dechorionated in 50% bleach for ∼4 min and staged according to the criteria of [@B9]). For live imaging, embryos were aligned and glued to a coverslip using embryo glue (Scotch double-sided tape dissolved in heptane), dorsal side down. Coverslips were mounted in halocarbon oil (Sigma-Aldrich) on glass slides with a coverslip bridge to prevent compression of the embryos. For fixed imaging, embryos were fixed in 4% paraformaldehyde according to standard protocols. The following antibodies were used in our analysis: mouse monoclonal anti--βPS-integrin (1:50; Developmental Studies Hybridoma Bank), rat monoclonal anti--DE-cadherin (1:40; Developmental Studies Hybridoma Bank), and rhodamine-conjugated phalloidin (1:400; Invitrogen). Fluorescently conjugated Alexa Fluor 488, Cy3, and Cy5 secondary antibodies were used at 1:400 dilution (Molecular Probes).

Images were collected using an Olympus FV1000 inverted confocal microscope and an UplanFL N 40×/1.30 numerical aperture (NA) oil objective or a UplanSApo 60×/1.35 NA objective, or a Zeiss Axiovert 200 M spinning-disk confocal microscope using a 63×/1.40 NA or 100×/1.45 NA objective. All images were acquired maintaining consistent exposure time, laser power, gain, and offset settings between control and experiment embryos to allow for direct comparison. For movies of cell oscillations, myosin flows, and/or FALS movement, five to ten 1-μm confocal sections were collected at 20-s intervals for a 20-min time period. For movies of DC, 10 to 20 2 μm-confocal sections were collected at 5-min intervals for a 5-h time period. At least five movies were taken of each genotype. For fixed images of cells, *z*-stacks were assembled from ten 0.5-μm confocal sections. Animations were assembled and processed using ImageJ (National Institutes of Health, Bethesda, MD).

FRAP
----

Stage 14 embryos were collected and mounted for live imaging as described earlier. FRAP analysis was performed at room temperature. Photobleaching was performed using a 473-nm laser at 10% power with the Tornado scanning tool (Olympus) for 2 s at 100 ms/pixel. Fluorescence recovery was recorded over 13 min at rate of 1 frame every 4 s. To control for drift of embryos, we selected multiple regions of interest (ROIs) in nonphotobleached regions; we used only samples for which intensities within control ROIs remained steady throughout the FRAP experiment. The mobile fraction and recovery time were computed in MatLab, and statistical tests were performed using Prism software.

Time-lapse image analysis: closure time, cell oscillations, and myosin flows
----------------------------------------------------------------------------

In all time-lapse analyses, *z*-projected images were used for each time point to encompass large portions of the curved surface of the AS. To measure AS area over time, AS outlines were traced manually using ImageJ and processed in MatLab. Closure curves were then fitted to the exponential *A*(*t*) = *A*~0~*e*^-^*^kt^*, where *A* is area, *A*~0~ is initial area, *k* is the rate of closure, and *t* is time.

Analysis of cell oscillations was done using custom tools generated in MatLab. Cell outlines were generated from time-lapse movies either semiautomatically using SIESTA ([@B11]) or manually using ImageJ. These outlines were then processed in MatLab to calculate cell area and centroid (geometric center of the cell outline) over time. Cell area curves were detrended to obtain measurements of the amplitude and period of cell oscillations. Centroid speed was measured as the mean change in position of the centroid between frames divided by the time between frames. Myosin intensity was computed as the mean fluorescence intensity within the cell contour.

Particle image velocimetry (PIV) was performed using custom-written MatLab scripts based on the approach described in [@B26]) in order to measure movement of fluorescently tagged myosin. Images were divided into 16 × 16 pixel (2.5 × 2.5 μm) interrogation windows overlapping by 75%. The 2D cross-correlation of each window for each frame over the duration of the movie was used to calculate the direction and magnitude of intensity movement. Cell outlines were calculated as described and used to isolate PIV vectors corresponding to individual cells. The magnitude of the vectors was used to compute mean instantaneous speed. The mean for a cell was defined as the mean of the speeds described by all vectors within the cell.

Quantification of cadherin and actin localization
-------------------------------------------------

Measurement of cadherin and cortical actin intensity along cell edges was done using custom MatLab scripts using *z*-projected images of AS cells spanning the apical--basal axis of the cell. The script used a user-generated cell outline and refined it using a series of morphological image processing steps to ensure accuracy and remove user bias. The resultant outline coordinates were used to determine cadherin or actin intensity at each point along the outline. For each point, pixel brightness values were determined for a square region of 12 × 12 pixels (0.8 × 0.8 μm) around the point. Pixels with brightness greater than one SD of the mean brightness (computed from the entire image) were included in intensity calculation. The mean of all included pixels was used as the intensity value for that point along the outline. The resultant curve of intensity versus position along the cell outline was used to compute the magnitude and spacing of intensity peaks. Peaks greater than one SD above the mean intensity of the entire cell outline were included. Peak density was computed as the number of peaks divided by the cell perimeter. To quantify the size and number of medial actin bundles, images were filtered using a difference-of-Gaussians approach and thresholded to identify and count bright objects within the cell. The size of these identified objects was used to measure actin bundle size, and the number within a cell divided by the cell area was used to compute bundle density (Supplemental Figure S1).

FALS detection and tracking
---------------------------

We developed automatic image segmentation and analysis tools in MatLab to measure FALS area and intensity. Single-slice images of the basal portion of AS cells were filtered using a difference-of-Gaussians approach. The filtered images were thresholded and applied as masks to the original images to identify FALS and measure area and pixel intensity. FALS density was determined by counting the number of FALS per image and dividing by image area. FALS were tracked manually in ImageJ. Speed was defined as the change in position divided by the time between frames. Mean square displacement (MSD) analyses of FALS were performed to quantify the movement of FALS as a result of disordered pulsatile contractions of AS cells. MSD curves were computed as described in [@B42]) and fitted to the general formula MSD(τ) = 4*D*τ, where *D* is the effective diffusion constant.

Laser ablation and recoil analysis
----------------------------------

Laser ablation experiments were carried out using a Revolution XD spinning-disk confocal microscope equipped with an iXon Ultra 897 camera (Andor) and a 60×/NA 1.35 oil immersion lens (Olympus). Ablation was induced using a pulsed Micropoint N2 laser (Andor) tuned to 365 nm. *Z*-stacks were acquired every 3 s for up to 60 s after ablation. Cuts were performed in embryos from timed cages at the onset of the slow phase of DC as judged by the shape of the canthi (for a description of the phases of DC, see [@B18]). Movement of first- and second-neighbor junctions was measured using SIESTA ([@B11]). First neighbors are defined as junctions immediately adjacent to the cut, and second neighbors are the two junctions next to each first neighbor. Background movement was measured by tracking junctions at least three membrane segments away from the cut.

Recoil velocity was determined by the displacement of junctions immediately after the cut. Maximum displacement was measured as the maximum distance from each junction to the midpoint between first-neighbor junctions immediately before the cut. Spatial decay was measured by fitting the maximum displacement as a function of the junction's distance from the midpoint before ablation to an exponential function *D = ce^kd^*, where *D* is maximum displacement, *k* is the spatial decay coefficient, *d* is distance from the cut, and *c* is a constant. To compare decay rate between mutant and control groups, we randomly resampled the data set with replacement and fit again to obtain new estimates for *k*. This was repeated 1000 times to obtain a distribution of values for *k* that could be compared between experimental groups using a two-sample *t* test.

To estimate mechanical properties of AS cells, junction retraction was fitted using a viscoelastic model in which membrane segments are approximated as a spring and dashpot in parallel, described by the equation *L*(*t*) *= D*(1 − *e^t/τ^*), where *L* is the change in distance between first-neighbor junctions, *D* is proportional to tensile force, *t* is time, and τ is the relaxation time, equal to the ratio of viscosity to elasticity ([@B10]).
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AS

:   amnioserosa

DC

:   dorsal closure

ECM

:   extracellular matrix

FALS

:   focal adhesion--like structures

FRAP

:   fluorescence recovery after photobleaching

PIV

:   particle image velocimetry.
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